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Abstract. Cell division plays an important role in regulating cell proliferation and differentiation. It is managed by a
complex sequence of cytoskeleton alteration that induces dividing cells to change their morphology to facilitate
their division. The change in cytoskeleton structure is expected to affect the intracellular viscoelasticity, which may
also contribute to cellular dynamic deformation during cell division. However, the intracellular viscoelasticity dur-
ing cell division is not yet well understood. In this study, we injected 100-nm (diameter) carboxylated polystyrene
beads into the cytoplasm of HeLa cells and applied video particle tracking microrheology to measure their intra-
cellular viscoelasticity at different phases during cell division. The Brownian motion of the intracellular nanoprobes
was analyzed to compute the viscoelasticity of HeLa cells in terms of the elastic modulus and viscous modulus as a
function of frequency. Our experimental results indicate that during the course of cell division, both intracellular
elasticity and viscosity increase in the transition from the metaphase to the anaphase, plausibly due to the remod-
eling of cytoskeleton and redistributions of molecular motors, but remain approximately the same from the ana-
phase to the telophase. © The Authors. Published by SPIE under a Creative Commons Attribution 3.0 Unported License. Distribution or reproduction
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1 Introduction
Eukaryotic cells are supported by three kinds of cytoskeletons:
microtubules, actins, and intermediate filaments. The cytoskele-
tons play an important role in providing structural support with
appropriate viscoelasticity to maintain cell morphology, and to
facilitate cell movement and cell division.1 During cell division,
the cytoskeleton undergoes dynamic changes to help cells di-
vide. Specifically, in the beginning of cell division, microtubules
release tubulin, and the free tubulins assemble to form spindles
to orient the chromosomes’ arrangement. In telophase, the last
stage of cell division, spindles disintegrate, and tubulins resume
their role as part of microtubules.2 This dynamic change pro-
vides cells with enough strength to divide from one mother
cell to form two daughter cells.

In more details, the cell cycle can be separated into inter-
phase and mitosis, which make up cell division. During inter-
phase, cells undergo wide arrays of changes to prepare for cell
division, such as DNA replication and synthesis of associated
proteins. Cell division can be divided into prophase, metaphase,
anaphase, and telophase, and at the end of nucleus division, cells
undergo cytokinesis.2 In monitoring cell division, we focus on
analyzing mitosis and change in elasticity and viscosity during
its three phases: metaphase, anaphase, and telophase. Each
phase is morphologically distinguishable: metaphase is marked

by the condensed chromosomes lining up in the middle of the
cell. In anaphase and telophase, the cleavage furrows appear and
the chromosomes begin to separate. In telophase, the spindles
gradually decompose, and the chromosomes reach their respec-
tive poles and decondense.2 It is plausible that the structural
changes during the course of cell division outlined above will
be concomitant with a change in the intracellular viscoelasticity.
In our experiments, we investigated the intracellular viscoelas-
ticity during cell division from metaphase through the end of the
telophase.

Viscoelasticities of complex materials including polymers,3,4

synovial fluids,5 and cells6–8 can be studied by either active or
passive microrheology. Active microrheology refers to the deter-
mination of the material’s viscoelasticity by recording motion of
the test samples or of particles attached to the test samples in
response to an external force.3 In 2001, Jacobson et al.9 used
atomic force microscopy (AFM) to measure the cortical stiffness
during cell division, and reported that the elasticity of the cortex
increased from 1.7� 0.9 to 3.9� 2.5 and 10.1� 5.5 (103 Pa),
respectively, as the cleavage furrow contracted while Potorous
tridactylus kidney cells divided from the metaphase through
anaphase to telophase. Shimamoto et al.10 also used AFM to
examine the dynamic viscoelasticity of microtubules and spin-
dles in metaphase and reported that spindle viscosity could be
related to microtubule density and cross-linking, and spindle
elasticity to microtubule rigidity.

As a complementary technique to active microrheology, pas-
sive microrheology measures the viscoelasticity of the sample of
interest by tracking and analyzing the thermal motion of one or
more probes either embedded inside or attached to the sam-
ple.3,6,11–13 In an equilibrium system where only thermal forces
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act on the probe-particle, motion of the particle is the random
walk of the particle caused by thermal fluctuations and colli-
sions with surrounding molecules. It is sensitive not only to
the temperature but also to the viscoelasticity of the surround-
ing material, and particle-tracking microrheology (based on
Brownian motion) has been established as a convenient tech-
nique to measure the viscoelasticity of complex fluids, espe-
cially when the sample is available only in relatively small
volumes on the order of a fraction of a microliter3,6,11–13 such
that conventional (classical) rheometers are not applicable. From
the Brownian motion of the particle [xðtÞ, yðtÞ, and zðtÞ], stan-
dard algorithm11 has been established to calculate the mean
square displacement [MSD(τ)] of the particle [where (τ) is
the lag time] and the viscoelasticity of the surrounding material
in terms of the elastic modulus G 0ðfÞ and viscous modulus
G 0 0ðfÞ as a function of frequency (f).

It is well known, however, that live cells in general, and live
cells during the course of cell division in particular, are by no
means in equilibrium state; hence, the validity of the determi-
nation of the cellular viscoelasticity by Brownian motion analy-
sis deserves some discussion and justification.

As early as 1965, the viscosity of fibroblasts in prophase,
metaphase, and anaphase had been measured and reported by
Taylor14 to be 0.26� 0.21, 0.35� 0.27, and 0.24� 0.17ðPa � sÞ,
respectively, by analyzing the Brownian motion of cytoplasmic
granules in dividing fibroblasts to correlate with the movement
of anaphase chromosomes. In 1979, the same method was
adopted by Schaap and Forer15 to measure the intracellular vis-
cosity of the spermatocytes of two species of crane flies at differ-
ent temperature to find possible correlation with the speed of the
autosome separation in the anaphase; the intracellular viscosity
was determined to be in the range of 0.04 to 0.36 Pa � s for tem-
perature in the range of 30°C to 5°C. More recently, cytoplasm
elasticity and viscosity of many different types of cells, includ-
ing fibroblasts, mouse embryonic fibroblasts, human umbilical
vein endothelial cells, human induced pluripotent stem cells,
and human embryonic stem cells, have been studied extensively
under different conditions by particle-tracking microrheology
by Wirtz and his collaborators,16–24 as well as by others.25,26

The average viscous modulus and elastic modulus (both at
the frequency of 1 Hz) were determined to be in the range of
1 to 50 Pa and 1 to 80 Pa, respectively. Theoretically, the deter-
mination of cellular viscoelasticity by passive microrheology is
valid only if the cell can be regarded as an equilibrium system.27

Gallet et al.,28 however, have shown that (i) even though live
cells are far from equilibrium, at frequency higher than
10 Hz (or equivalently, for time scale shorter than 0.1 s), the
contribution of nonthermal force to particle fluctuation is
much lower than that of the thermal force, and the cells can
be regarded as in quasi-equilibrium state; (ii) the contribution
of nonthermal energy to particle fluctuation is significantly
less for intracellular particles than those tied to cellular cortex.
In addition, it has also been reported that the influence of non-
thermal energy on the fluctuation of particles injected into the
cells by gene gun is in general significantly less than that of the
endocytosed particles or the endogenous particles,29–31 and that
for injected particles, those with smaller size (∼100 nm) are sig-
nificantly less affected by the nonthermal energy than those with
larger size (∼1 μm).27 Hence, in our experiments, we injected
100-nm polystyrene beads into the cells to serve as the probes
for subsequent intracellular particle tracking, and demonstrated
that the computation of the viscous modulus and elastic modulus

based on Brownian motion analysis and the assumption of equi-
librium statistics could be a useful and good approxima-
tion.17,27,29–31 Since the bead size (100 nm) used in our
experiments is much larger than the cytoskeletal mesh size
(20–40 nm),32 what we measured should reflect the viscoelas-
ticity of the cytoskeletal networks but not the interstitial fluid of
the cytoplasm.29

2 Materials and Methods

2.1 Sample Preparation

HeLa cells were cultured at 37°C in 5% CO2 in Dulbecco’s
modified eagle medium with 10% fetal bovine serum on
35-mm-bottom dishes coated with poly-L-lysine (MatTek
Corp., Ashland, Massachusetts). Fluorescent carboxylated
(negatively charged) beads (Invitrogen, Taipei, Taiwan;
1.35 × 1012 particles∕mL; 100 nm diameter; 585 nm∕
605 nm) were injected into the HeLa cells by biolistic particle
delivery system (PDS-100, pressure 450 psi, 20 μL per injec-
tion). Carboxylated polystyrene beads injected into cytoplasm
via helium particle injection show less directional motion
(i.e., less degree of active transport).29–31 The total number of
particles injected into each cell is in the range of 5 to 26; the
average number of injected particles per cell is approximately
11. A comparison of the cell growth rate in cultured cells
with and without injected particles indicated that the cell viabil-
ity is not affected by particle injection. Similar result had also
been reported by Tseng et al.30

2.2 Experimental Setup and Procedure

Motion of intracellular fluorescent beads was recorded digitally
via an inverted epifluorescence microscope (Nikon Eclipse Ti,
Tokyo, Japan), equipped with an oil immersion objective (100×,
NA ¼ 1.45) and a charge coupled device (CCD) camera
(Hamamatsu, Hamamatsu, Japan, OHCA-Flash 4.0) with a
frame rate of 100 frames per second, an image resolution of
0.169 μm∕pixel, and 512 × 512 pixels per frame. The experi-
mental setup is shown schematically in Fig. 1. Fluorescence
excitation of the bead at 562 nm was provided by light emitted
from a Hg lamp (Nikon, Tokyo, Japan) in conjunction with a

Fig. 1 A schematic illustration of intracellular microrheology based on
video particle tracking (VPT).
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band-pass filter (pass-band: 562� 20 nm), followed by a long-
pass dichroic mirror (Semrock, Rochester, New York; with
593 nm cut-off) which reflected 562 nm (excitation light)
into the oil immersion microscope objective lens (100×,
NA ¼ 1.45), and transmitted the epi-fluorescence light
(605 nm) emitted by the beads for detection by the CCD camera.
A second band-pass filter (624� 20 nm) served to further
reduce the stray light from the Hg lamp.

Experiments were conducted with cell samples in an incuba-
tion chamber (Live cell instrument) at 37°C in 5% CO2. This
approach allows us to measure the intracellular viscoelasticity
with a high spatial resolution on the order of a micron, high tem-
poral resolution on the order of 101 and 102 ms, and a relatively
short data acquisition time on the order of 10 s. The lower limit
(∼0.1 Hz) of the frequency range is dictated by the integration
time (and the poor signal-to-noise ratio due to the 1∕f noise),
while the upper limit (∼100 Hz) is dictated by the frame rate of
the CCD camera. During the experiment, the broadband light
source was switched off and turned on only momentarily
every 3 min when bright-field images of the cells were taken
to examine and record the cell morphology.

2.3 Experimental Results and Discussion

The motion of fluorescent beads inside each cell was tracked
and recorded for 10 s every 3 min for 15 min, as the cell division
took place from metaphase through the end of the telophase. The
trajectory of the particle was tracked and analyzed with a stan-
dard algorithm;33 from the two-dimensional (2-D) position [xðtÞ,
yðtÞ] of each particle as a function of time, we deduced the stat-
istical distribution of xðtÞ and yðtÞ, the mean square displace-
ment ðMSDÞ; hΔr2ðΤÞi, as a function of the lag time (τ), and

the complex viscoelastic modulus G � ðfÞ ¼ G 0ðfÞ þ iG 0 0ðfÞ)
as a function of frequency (f), where G 0ðfÞ) represents the elas-
tic modulus and G 0 0ðfÞ represents the viscous modulus.7,34

The analysis, which is based the generalized form of the
Stokes–Einstein relationship, assumes that the motion of the
beads is purely Brownian (driven only by thermal fluctuation);
according to the theory of Brownian motion, MSD ¼
hΔr2ðΤÞi ∼ Τα where the exponent α < 1 characterizes the sub-
diffusive behavior of the beads inside a complex medium. If
either α > 1, or if the statistical distributions of xðtÞ and yðtÞ
deviate significantly from Gaussian, then the results imply pos-
sible involvement of active transport driven by forces other than
thermal fluctuations, and the deduction (and the corresponding
interpretation) ofG 0ðfÞ andG 0 0ðfÞ are no longer valid.35 Hence,
in our data analysis and the determination of G 0ðfÞ and G 0 0ðfÞ,
we keep only those data satisfying the criteria stated above. Of
all the particles that we have tracked and analyzed, 13 out of 162
(i.e., 8%) were ignored based on the above criteria. If we treated
the cells with 100-nm-diameter particles and left overnight to
allow the particles to diffuse and disperse throughout the cyto-
plasm, we found that a much larger fraction of intracellular par-
ticles (35 out of 104; i.e., 33%) exhibited nonthermal motions
through out the course of cell division. We speculated that this is
due to the fact that these particles could be attached to organelles
or cytoskeletons such that their motions were strongly influ-
enced by the motion of the latter. For the sake of simplicity,
and also due to the limitation of our spatial resolution along
the optical axis (i.e., the z-axis), we have chosen to simplify
the three-dimensional Brownian motion to a 2-D problem by
ignoring the z-component. In addition, we also ignored the par-
ticles that escaped from the focal plane such that their position
data [xðtÞ, yðtÞ] were truncated during the data acquisition.

Fig. 2 A specific example of intracellular particle-tracking microrheology at anaphase. (a) A fluorescence micrograph of a HeLa cell with embedded
fluorescent beads; (b) 2-dimensional projection [xðtÞ, yðtÞ] of the trajectory of the Brownian motion of a selected bead; (c) the mean square displace-
ment (MSD) as a function of the lag time (τ) in a log-log plot with slope “α”; (d) the elastic modulus G 0 and the viscous modulus G 0 0 as a function of
frequency; (e) Box plot of G 0 and G 0 0 (at 10 Hz) from 11 beads in a HeLa cell at anaphase.
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As a specific example, a fluorescence micrograph of a HeLa
cell (in anaphase) with embedded fluorescent beads is shown
in Fig. 2(a); the experimental data for the Brownian motion
[xðtÞ, yðtÞ] of a selected particle is shown in Fig. 2(b); the
corresponding MSD ¼ hΔr2ðτÞi ∼ τα is shown in Fig. 2(c);
and the elastic modulus G 0ðfÞ and viscous modulus G 0 0ðfÞas
a function of frequency (f) are shown in Fig. 2(d). From the
experimental results obtained from 11 beads inside the cell,
at anaphase of the cell division, the mean, the median, and
the distribution of elastic modulus G 0ðfÞ and viscous modulus
G 0 0ðfÞ (at f ¼ 10 Hz) are displayed graphically in a box–
whisker plot in Fig. 2(e). In total, we have analyzed 149 fluo-
rescent beads in four cells to calculate the viscoelasticity of the
cells in different phases during the cell division, including meta-
phase, anaphase, and telophase, and compared the average vis-
cosity and elasticity at different phases as shown in Fig. 3 in
box–whisker plots. Our results (at f ¼ 10 Hz) indicate that
both the elastic modulus G 0ðfÞ and viscous modulus G 0 0ðfÞ
increase during cell division from metaphase to anaphase,
and remain approximately the same from anaphase to telophase.

We speculated that the increase in both elasticity and viscos-
ity during cell division, from metaphase to anaphase, may be
attributed mainly to the change in structure and the amount
of microtubules, a component of the cytoskeleton. During cell
division, microtubules polarize to form fiber bundles, which are
expected to constrain the movement of fluorescent beads and to
increase the intracellular viscoelasticity. This is contradictory to
the earlier result obtained by tracking cytoplasmic granules
inside a dividing cell15 which might include the contributions
from both thermal and nonthermal motions of granules inside
a dividing cell, because motor-generated forces could act on
granules during anaphase. In this approach, the contribution
of nonthermal motion would lead to an underestimation of intra-
cellular viscosity. Our result is consistent with the result reported
by Shimamoto et al.,10 where the increase in spindle viscosity
was correlated with the microtubule density and cross-linking,
whereas the increase in spindle elasticity was correlated with the
re-distributions of molecular motors.

3 Summary and Conclusion
Particle tracking microrheology, using 100-nm (diameter) car-
boxylated polystyrene beads injected into the cytoplasm of
HeLa cells, has been applied to study the viscoelasticities of
living cells during the course of cell division. Although the
cytoskeletons and their contribution to intracellular viscoelastic-
ity are expected to play a strong role in cell division, very few
studies have applied this technique to study the dynamic intra-
cellular viscoelasticities of the dividing cell and to study its role
in cell proliferation. In this research, we measured, by video par-
ticle tracking (VPT), the elastic modulus G 0ðfÞ and viscous
modulus G 0 0ðfÞ as a function of frequency (f) during cell divi-
sion. Our results indicate that both elastic modulus G 0ðfÞ and
viscous modulusG 0 0ðfÞ increase as a function of time as the cell
progresses from metaphase to anaphase, and remain approxi-
mately the same from anaphase to telophase. The increase in
intracellular viscoelasticity can be attributed to the increase in
microtubule density and cross-linking and the re-distributions
of molecular motors reported in the literature. Further studies,
with fluorescence-labeled microtubules and actin filaments, for
example, will be required to correlate these results with the
polymerization of fiber bundles to support the force required
for the cell division, and to delineate the role of cytoskeletons
and the cytoplasmic viscoelasticity in cell division.
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